Introduction
Improved survival for some malignancies has led to the concept of cancer as a chronic disease (1) . As a result, survivorship has become a major focus of research aiming to minimize toxicity of treatments and decrease the incidence of iatrogenic complications (2) . Secondary lymphedema is the most common longterm complication of surgery for solid tumors and occurs when lymphatic channels or lymph nodes are removed during cancer staging/treatment (3) . Patients with lymphedema develop chronic swelling and fibrosis of the affected extremity, resulting in disfigurement, infections, and decreased quality of life (4) . Lymphedema can also develop without antecedent injury due to congenital abnormalities of the lymphatic system or as a result of parasitic infections, which are most common in tropical and subtropical regions. It is estimated that nearly 5 million Americans have lymphedema, while worldwide, the disease is thought to affect as many as 200 million individuals (5, 6) .
The development of effective treatment options for secondary lymphedema has been hampered by the fact that the mechanisms regulating the pathology of this disease remain poorly understood. For example, although it is clear that lymphatic injury is necessary for the development of lymphedema, it is unknown why only a subset of patients who undergo lymphadenectomy develop lymphedema (7) . In addition, it is unclear why patients who do develop lymphedema do so in a delayed manner -most commonly months, or in some cases years, after surgery. In fact, in most cases temporary postsurgical edema resolves over a period of a few weeks only to recur and progressively worsen 6-12 months after surgery (3) . Thus, understanding the mechanisms that regulate initial resolution of edema and delayed onset of Development of novel treatments for lymphedema has been limited by the fact that the pathophysiology of this disease is poorly understood. It remains unknown, for example, why limb swelling resulting from surgical injury resolves initially, but recurs in some cases months or years later. Finding answers for these basic questions has been hampered by the lack of adequate animal models. In the current study, we used Cre-lox mice that expressed the human diphtheria toxin receptor (DTR) driven by a lymphatic-specific promoter in order to noninvasively ablate the lymphatic system of the hind limb. Animals treated in this manner developed lymphedema that was indistinguishable from clinical lymphedema temporally, radiographically, and histologically. Using this model and clinical biopsy specimens, we show that the initial resolution of edema after injury is dependent on the formation of collateral capillary lymphatics and that this process is regulated by M2-polarized macrophages. In addition, we show that despite these initial improvements in lymphatic function, persistent accumulation of CD4 + cells inhibits lymphangiogenesis and promotes sclerosis of collecting lymphatics, resulting in late onset of edema and fibrosis. Our findings therefore provide strong evidence that inflammatory changes after lymphatic injury play a key role in the pathophysiology of lymphedema.
progressive lymphatic dysfunction is a necessary step for development of novel treatment options for a disease in which little to no progress has been made in nearly 50 years.
Over the last century, a considerable effort has been expended to develop animal models of lymphedema. Although a variety of models that display some characteristics of clinical lymphedema have been developed, these models have significant limitations, including high morbidity and spontaneous resolution of swelling (8) (9) (10) . The necessity for extensive surgical manipulation (i.e., full-thickness excision of large portions of skin) in most models has made it difficult to separate wound healing from lymphatic regeneration and does not accurately model human pathology, in which only lymph nodes are removed. In addition, in most models the maximal swelling that occurs is noted shortly after surgical injury and resolves spontaneously over time. In contrast, secondary lymphedema clinically develops months to years after the initial surgical injury and is a progressive disease once initiated. Thus, development of accurate models of lymphedema is a key step in understanding the pathology of this disease.
In the current study, we used inducible Cre-lox technology to create mice that express the human diphtheria toxin receptor (DTR) on their lymphatic endothelial cells (LECs) by coupling DTR with a lymphatic specific promoter (FLT4; Figure 1A ). DTR activation enabled us to selectively ablate both capillary and collecting lymphatic vessels using diphtheria toxin (DT). Similar to clinical findings (3), local ablation of lymphatic vessels in the hind limb resulted in temporary edema that spontaneously improved over a period of 6-9 weeks, only to recur in a progressive manner over the course of the following year. The initial decrease in edema occurred in concert with dermal lymphatic hyperplasia and required infiltration of M2-polarized macrophages. Late development of lymphedema required infiltration of CD4 + T cells, which inhibited lymphangiogenesis, promoted collecting vessel fibrosis and lymphatic smooth muscle cell proliferation, and resulted in progressive edema and extracellular matrix (ECM) fibrosis.
Results

DT ablates capillary and collecting lymphatics.
To confirm expression of DTR on LECs, we induced DTR expression with tamoxifen and analyzed the expression of DTR using immunofluorescence. This analysis demonstrated that LECs in initial (LYVE + ) and collecting lymphatics (CD31 + with patchy α-SMA + coverage) expressed DTR ( Figure 1B ). We found similar findings when we colocalized DTR with podoplanin (data not shown). In contrast, blood endothelial cells (BECs, MECA-32 + ) did not express DTR, confirming specific expression of the receptor (data not shown).
Intraperitoneal administration of DT resulted in an 82% depletion of LECs in subcutaneous lymph nodes 24 hours after treatment but no significant depletion of BECs ( Figure 1, C and D) . However, this treatment had marked systemic toxicity, leading to hemorrhagic ascites and death within 72 hours. Histological analysis of different tissues revealed that lymphatic ablation after systemic injection was variable, with minimal depletion in the trachea and diaphragm but high-level ablation in the skin, lymph nodes, and intestine (Supplemental Figure 1 ; supplemental material available online with this article; doi:10.1172/jci. insight.84095DS1).
Subcutaneous injection of DT ablates lymphatic vessels without systemic toxicity. We next examined the effects of subcutaneous DT administration in the ear and hind limb (5 ng/d for 3 days). Using whole mount staining with podoplanin/α-SMA in ear and hind limb tissues harvested 1 week after DT injection, we found that while the blood vasculature was preserved, virtually the entire lymphatic vascular network was disrupted and fragmented dermal lymphatics were filled with CD45 + cells ( Figure 1E , Supplemental Figure 2 , A and B, and data not shown). DT injection in the hind limb, similar to i.p. injection, disrupted the lymphatics in the draining lymph nodes, caused profound edema of the foot, and markedly impaired uptake of technetium-99m ( 99m Tc) radioactive tracer by the draining lymph nodes for as long as 52 weeks (Figure 1, F-H) . Injection of DT leads to the development of chronic lymphedema that models clinical lymphedema temporally, histologically, and radiographically. Similar to the clinical scenario following lymphatic injury, hind limb lymphatic ablation in DTR mice resulted in marked swelling 1 week after injection that partially resolved over the ensuing 6-9 weeks (Figure 2, A and B) . Similarly, consistent with development of clinical lymphedema, examination of animals 9, 18, and 52 weeks after injection demonstrated progressive swelling of the foot, peaking at a more than 40% increase at the 52-week time point (Figure 2, A and B) . In addition, consistent with clinical histological findings, the hind limbs of DT-injected animals displayed progressive dermal fibrosis, hyperkeratosis, and subcutaneous fibroadipose tissue deposition (Figure 2 , C and D, and Supplemental Figure 2 , C-F). Consistent with previously published reports, analysis of lymphatic drainage using near-infrared (NIR) lymphoscintigraphy with indocyanine green (ICG) in patients with stage III lymphedema demonstrated a near complete absence of collecting lymphatics and dermal backflow (accumulation of dye in the skin) resulting from leaky initial lymphatics ( Figure 2E ) (11, 12) . Similarly, analysis of DT-treated mice 52 weeks following lymphatic ablation demonstrated a similar radiographic appearance Tc in the popliteal lymph node after DT administration for control and 1, 9, and 52 weeks (n = 4/ group; *P < 0.05). Note the decreased peak nodal uptake following DT administration. 2-tailed Student's t test, ANOVA with post hoc comparison tests. with loss of collecting lymphatics and dermal backflow at the site of dye injection ( Figure 2E ).
Previous studies have shown that clinical lymphedema results in progressive fibrosis of collecting lymphatic vessels, accumulation of α-SMA cells, and sclerosis of vessels with late-stage disease (13) . Consistent with these reports, we noted progressive sclerosis and narrowing of the main hind limb collecting lymphatics as time progressed following DT administration (Figure 2 , F and G). These findings were similar to clinical lymphedema biopsy specimens obtained from patients with unilateral breast cancer-related upper extremity lymphedema ( Figure 2F ). Collecting lymphatics harvested from mice treated with DT 52 weeks after lymphatic ablation were surrounded by a thickened layer of α-SMA positive cells and were nearly encased in fibrotic tissues ( Figure 2H ).
Our group has previously shown that clinical lymphedema specimens are infiltrated with CD4 + cells and that the degree of CD4 + infiltration is positively correlated with increasing lymphedema stage (14, 15) . Consistent with these findings, we found that CD4 + cells accumulated in subcutaneous tissues of animals treated with DT and that the timing of this inflammatory response correlated with the observed late increase in hind limb swelling and fibrosis ( Figure 2 , I and J). Similar to the clinical scenario, we also noted a marked increase in protein concentration of profibrotic and inflammatory cytokines, including TGF-β1, TNF-α, and IFN-γ in hind limb tissues of animals treated with DT ( Figure 2K ). Taken together, our findings show that local administration of DT in the hind limb results in the development of chronic and progressive lymphedema that is temporally, histologically, and radiographically similar to clinical lymphedema.
Transient decrease in edema coincides with dermal lymphatic hyperplasia. We used NIR lymphatic imaging with intradermal ICG injection to analyze lymphatic vessel regeneration after ablation ( Figure 3A , top, and Figure 3B ). One week after DT administration, we found virtually no ICG uptake, indicating dysfunction in both capillary and collecting lymphatics . However, analysis at 3, 6, and 9 weeks after injection demonstrated regeneration and hyperplasia of dermal lymphatic vessels in the distal hind limb. These LYVE-1 + vessels were tortuous and abnormal in appearance, with punctate areas of ICG pooling in the dermis ( Figure 3C ). By 52 weeks after DT injection, the majority of these vessels had regressed or were not functional, resulting in increasing pooling of ICG. Similar to late-stage clinical lymphedema, we never observed functional (i.e., IGC-containing) regeneration of the collecting lymphatics after DT ablation, although collecting lymphatic vessels could be seen in histological sections (see below).
Increasing capillary lymphatic density in the early periods after DT administration also correlated with lymphatic uptake by the draining popliteal lymph node, as assessed with ferritin labeling of functional lymphatics (16) (Figure 3A , bottom, and Figure 3B ). Consistent with our 99m Tc lymphoscintigraphic findings, we noted either absent or low levels of ferritin staining in draining lymph nodes harvested from DT-injected animals 1, 3, or 6 weeks prior to sacrifice. At the 9-week time point, we did note low levels of uptake in the popliteal lymph node; however, this expression was virtually completely lost by 52 weeks after DT injection.
Lymphatic regeneration requires infiltration of macrophages. Because macrophages are a known source of lymphangiogenic cytokines in a variety of settings (17), we next sought to determine whether macrophage infiltration correlated with lymphatic regeneration after DT administration. Analysis of hind limb tissues harvested after DT ablation showed a massive influx of F4/80 + cells in the early periods after injury, peaking at 1 week and decreasing progressively thereafter ( Figure 4, A and B) . Macrophage infiltration preceded lymphatic vessel regeneration, and the number of macrophages was inversely related to the dermal lymphatic vessel density (LVD, Figure 4C ). The majority of macrophages present at the 3-and 6-week time points also expressed CD206, a marker of M2 polarization ( Figure 4, A and D) . In addition, consistent with M2 polarization, we noted that some of these macrophages also stained positively for LYVE-1 ( Figure  4A and Supplemental Figure 3 , A-C). These LYVE-1 + macrophages cells tended to aggregate around and were closely associated with regenerating lymphatic vessels, but did not become incorporated into newly formed vessels ( Figure 5 ).
The temporal relationship between macrophage infiltration and lymphatic vessel regeneration suggested that these cells are required for the early lymphangiogenic response. This hypothesis was supported by quantitative PCR (qPCR) experiments performed on cell-sorted CD11b + macrophages harvested from the distal hind limb of DT-treated and control mice demonstrating increased VEGF-A (1.5-to 2-fold; 1 and 3 weeks after DT) and VEGF-C (2-fold increase 3 weeks after DT) mRNA expression (Figure 4E ). In addition, consistent with our histological observations, we noted that expression of LYVE-1 by macrophages increased dramatically at both 1 and 3 weeks after DT administration. These findings were confirmed with protein analysis demonstrating elevated concentrations of VEGF-A and VEGF-C in hind limb tissues harvested 1 and 3 weeks after DT treatment ( Figure 4F ). In addition, we noted that the expression of Th2 cytokines (IL-4 and IL-13) was also significantly increased in tissues harvested from DT-treated mice, suggesting that the expression of both pro-lymphangiogenic (VEGF-A and VEGF-C) and anti-lymphangiogenic (IL-4, IL-13, TGF-β1, and IFN-γ) cytokines is increased after lymphatic ablation.
To test the hypothesis that macrophage infiltration is necessary for capillary lymphatic regeneration and partial resolution of lymphedema after lymphatic ablation, we ablated lymphatic vessels and then depleted macrophages with clodronate liposomes (CLs) administered i.p. (110 mg/kg 3 times weekly). Control animals were similarly treated but given PBS liposomes (PLs). As expected, this treatment was highly effective in depleting macrophages systemically (Supplemental Figure 4, A and B) . More importantly, macrophage depletion completely prevented the temporary resolution of edema, resulting in markedly increased hind limb edema and fibroadipose deposition ( Figure 6 , A-D). Consistent with this observation, we found virtually no evidence of regenerating functional capillary lymphatic vessels using NIR imaging ( Figure 6E ). Immunofluorescent colocalization of macrophages (CD11b Taken together, these findings indicate that the initial resolution of edema after lymphatic injury is dependent on proliferation of capillary lymphatic vessels, which is regulated by an influx of macrophages with M2 differentiation, and that inhibition of this response accelerates and exacerbates chronic lymphedema. CD4 + cell depletion prevents lymphatic vessel sclerosis and improves lymphatic function. We have previously shown that depletion or genetic absence of CD4 + cells (but not macrophages, CD8 + , or CD25 + cells) prevents development of lymphedema in a mouse tail model (15) . Although these results were exciting, it is possible that some of the observed changes were related to improvements in wound healing rather than decreased lymphedema. Therefore, to test the hypothesis that CD4 + cells contribute to progressive onset of lymphedema after lymphatic injury, we injected transgenic mice with DT in the hind limbs and allowed them to recover for 9 weeks. At this point, animals were divided into 2 groups such that experimental animals underwent systemic CD4 + cell depletion using weekly injections of monoclonal anti-CD4 neutralizing antibodies (CD4 mAb), while controls were treated with nonspecific isotype control monoclonal antibodies for an additional 9 weeks.
Mice treated with CD4 mAb beginning 9 weeks after lymphatic ablation had significantly decreased hind limb swelling and fibroadipose deposition as compared with controls 18 weeks after DT injection ( Figure 7, A-D) . CD4
+ depletion also decreased accumulation of α-SMA + cells around collecting lymphatics and inhibited sclerosis/obstruction of these structures (Figure 7 , E-G). ICG lymphangiography demonstrated that animals treated with isotype control antibodies had virtually no identifiable functional capillary or collecting vessels in the distal hind limb ( Figure 7H ). In contrast, CD4 mAb-treated animals consistently demonstrated the presence of functional, albeit abnormal-appearing lymphatic vessels. These observations were corroborated by histological analysis demonstrating increased dermal lymphatic vessel density in CD4 mAb-treated animals as compared with controls ( Figure 7 , I and J). In addition, we saw a marked reduction in infiltrating CD4 + cells (>80% decrease) in the hind limb tissues of mice treated with CD4 mAb as analyzed by histological staining and flow cytometry ( Figure 7 , I and K, and Supplemental Figure 5 ). Interestingly, CD4
+ cells tended to cluster around the lymphatic vessels of control mice, and this response was lost in CD4 mAb-treated animals. Finally, analysis of popliteal lymph nodes after distal hind 
Discussion
A large number of clinical reports have analyzed the histological, radiological, and epidemiological aspects of lymphedema (18) (19) (20) (21) . More recently, a few studies have analyzed genetic changes in an effort to identify predisposing factors for lymphedema (22) (23) (24) . Although these studies have been enormously helpful in identifying risk factors for lymphedema, clinical studies are inherently limited in identifying pathologic pathways, since this approach precludes time course analysis, provides relatively small amounts of tissues in biopsies, is confounded by patient factors, and most importantly, does not readily allow targeted interventions.
The limitations of clinical studies have led to the description of a large number of animal models of lymphedema. Surgical models of lymphedema usually require extensive surgical intervention with high animal morbidity resulting in variable swelling and, only in rare cases, chronic lymphedema. As a result, there is currently no surgical model that accurately mimics the clinical disease temporally or physiologically. In the current study, we describe a technique to ablate both capillary and collecting lymphatic vessels using local injections of DT. This approach, in contrast to previous studies reporting the use of LYVE-1/ DTR mice, (25) resulted in the development of chronic lymphedema in the hind limb that mirrors the clinical disease temporally, radiographically, and histologically. Thus, similar to clinical lymphedema, treatment of transgenic mice hind limbs with DT resulted in initial swelling that improved over a short period of time only to return in a progressive fashion with increasing CD4 + cell accumulation (14, 26) , worsening fibroadipose tissue deposition (20, 27) , and collecting vessel sclerosis (13, 28) .
Other studies have reported on nonsurgical methods of lymphatic ablation. For example, Jang et al., as in our study, reported on the use of DT-mediated ablation of lymphatics using LYVE-1/DTR mice (25) . However, their report focused on systemic toxicity of this treatment, as subcutaneous injection of DT into the ears of these animals did not cause lymphedema. This difference from our findings likely stems from the fact that LYVE-1 is not expressed at high levels in the collecting lymphatic vessels of adult mice, thereby sparing the deep system of DT-mediated injury (29) . In contrast, the use of the FLT4 promoter in our study targeted both capillary and collecting lymphatics, thereby enabling us to induce long-term lymphedema. In addition, because LYVE-1 is expressed by a subset of macrophages, the use of LYVE-1/DTR models complicates modeling of lymphedema, since our study indicates that these cells play a key role in the pathology of the disease. Other studies have reported on nonsurgical ablation of lymphatic vessels using lymphatic-specific photodynamic therapy (30) . However, because lymphatic destruction is limited to small, superficial regions of the skin, this approach does not enable modeling of lymphedema.
Patients who undergo lymphadenectomy have temporary swelling of the extremities that generally resolves over the ensuing 4-6 weeks. The results of our study suggest that this initial resolution is dependent on capillary lymphatic regeneration rather than restoration of the collecting lymphatic vessels. We found that this response is regulated by macrophage infiltration, M2 differentiation, elaboration of lymphangiogenic cytokines, and possibly by direct interaction of macrophages with newly formed lymphatic vessels. These findings are supported by previous studies demonstrating a major role for macrophages in regulating lymphangiogenesis in a variety of settings, including wound healing, inflammation, and tumor metastasis (31, 32) . In addition, in an interesting recent article, Ogata and colleagues used a mouse model of lymphatic injury to show that macrophages play a key role in the early regulation of lymphangiogenesis and that this process may be regulated by interactions with Th1 and Th17 cells (33) . Our findings are also supported by lymphangiographic studies in a canine model of axillary lymphadenectomy demonstrating resolution of edema concurrent with development of hyperplastic collateral lymphatics that bypassed the zone of lymphatic injury (34) . In the current study, in contrast to that by Ogata and colleagues, we found that macrophage depletion tended to accelerate development of progressive lymphedema, suggesting that the degree of lymphatic stasis is a major regulator of chronic inflammation and pathology. This discrepancy likely reflects the different models and the timing of analysis, with Ogata et al. utilizing a lymphatic injury/ lymphadenectomy model with resultant mild edema that resolved over a 28-day period; and our group using a more extensive model of lymphatic injury that resulted in chronic and progressive changes that persisted for a year. Therefore, additional work is required to delineate the cellular mechanisms by which macrophages and T cells interact to regulate initial swelling. However, consistent with previous reports utilizing lymphangiogenic cytokines to promote lymphatic regeneration after lymphatic injury (35, 36) , our findings suggest that early therapeutic interventions that improve formation of collateral lymphatics after lymphatic injury may prevent progression to late-stage disease by providing functional bypass channels around the zone of injury.
The findings of our current study taken together with previous reports suggest that macrophages play a dual role in the pathology of lymphedema by regulating lymphangiogenesis and fibrosis. Our findings with macrophage depletion suggest that these cells are necessary for lymphatic regeneration after lymphatic ablation and that loss of this response markedly increases the fibrotic response. This effect maybe due to increased lymphatic fluid stasis resulting from lack of lymphatic regeneration, thereby resulting in increased CD4
+ cell infiltration and expression of profibrotic cytokines. Macrophage infiltration in the later stages (i.e., 52 weeks) is markedly decreased as compared with the early time periods after lymphatic injury. This is important because macrophages have also been shown to play a role in regulation of fibrosis (37) . Thus, early macrophage infiltration is important for lymphatic regeneration, while late cellular infiltration may modulate fibrotic responses.
An interesting observation of our study was that many infiltrating macrophages expressed LYVE-1, a marker of lymphatic differentiation. However, unlike some prior studies (38, 39) , but in agreement with others (40), we did not note incorporation of macrophages into newly formed lymphatic capillaries. Instead, macrophages tended to surround newly formed vessels, suggesting that these cells regulate lymphangiogenesis by a paracrine process (41, 42) . This hypothesis is supported by previous studies demonstrating that macrophages promote lymphangiogenesis by producing lymphangiogenic growth factors and expressing matrix metalloproteinases that degrade the ECM (43) . The latter effect may be a necessary step for lymphangiogenesis in the setting of fibrous tissue deposition after lymphatic injury. This concept is supported by previous studies demonstrating increased tail swelling in MMP-9-knockout mice in a mouse tail model of lymphedema (44) .
Using both animal models and clinical biopsy specimens, our group has previously shown that CD4 + cells plays a key role in the development of lymphedema (14) . Our current study further supports this hypothesis and provides substantial evidence that CD4 + cells mediate late lymphatic dysfunction by a number of physiologic changes, including ECM fibrosis, sclerosis of collecting lymphatics, and inhibition of lymphangiogenesis. Thus, lymphatic injury initiates a CD4 + cell inflammatory response resulting in a vicious cycle of ongoing fibrosis, impaired lymphangiogenesis and worsening lymphatic function. In this sense lymphedema may represent a form of fibrotic organ failure of the lymphatic system. This hypothesis is supported by the fact that CD4 + cells are strongly implicated in the regulation of fibrosis in a number of organ systems, including idiopathic pulmonary fibrosis, liver fibrosis, and scleroderma (45) . This hypothesis is also supported by previous studies demonstrating that CD4 + cells are key regulators of smooth muscle cell proliferation and atherosclerosis (46) (47) (48) , as well as studies demonstrating that ECM composition is a key regulator of interstitial fluid transport (49) . Progressive lymphatic and ECM fibrosis also provides a rationale for known risk factors of lymphedema, such as radiation and obesity, as these factors independently increase fibrosis (50) (51) (52) . Indeed, previous studies have shown that radiation-induced fibrosis markedly decreases interstitial fluid transport and that inhibition of fibrosis effectively preserves lymphatic function independent of LEC survival in this setting (53) . Finally, a number of recent studies have shown that T cells are potently antilymphangiogenic and that this effect is mediated, at least in part, by the expression of inflammatory cytokines such as IFN-γ, IL-4, and IL-13 (54) (55) (56) . The findings of the current study are consistent with these studies, since we found that depletion of CD4 + cells increased LVD histologically and radiographically. It is important to note that recent studies by Ogata and colleagues suggest that subsets of T cells may promote lymphangiogenesis by interacting with macrophages in the early periods following lymphatic injury, emphasizing that the immune responses to lymphatic injury are complex, temporally regulated, and require additional study.
In summary, the findings of the current study suggest that the pathology of lymphedema can be conceptualized as a 2-phase process (Supplemental Figure 6 ). In the early periods following lymphatic injury, lymphangiogenesis is initiated by infiltration of macrophages with M2 differentiation that secrete lymphangiogenic cytokines and interact with LECs to promote formation of hyperplastic capillary lymphatics that bypass the zone of injury. The late stages of disease are mediated by progressive infiltration of CD4 + cells, which promote ECM fibrosis, collecting lymphatic sclerosis, and inhibit lymphangiogenesis. The findings of this study are important, since a better understanding of the pathophysiology of lymphedema will enable development of novel preventive and therapeutic options for this disabling disease.
Methods
Generation of FLT4-DTR mice. FLT4-CreER
T2 mice (a gift from Sagrario Ortega, CNIO) (57, 58) were crossed with human DTR floxed C57BL/6 mice (C57BL/6-Gt(ROSA)26Sor tm1(HBEGF)Awai /J; The Jackson Laboratory). Tamoxifen administration to double mutant mice activates the CreER T2 recombinase under the transcriptional control of the FLT4 regulatory elements, resulting in efficient induction of DTR expression in LECs of adult mice. Gene expression of both transgenes was confirmed by genotyping (Transnetyx), and double homozygous mice were backcrossed for 6 generations to ensure consistency. Cre expression was induced in adult male mice by using tamoxifen (300 mg/kg/d subcutaneously for 5 days) followed by either systemic (100 ng i.p.) or local (5 ng subcutaneously daily ×3 doses) DT delivery (58) .
Analysis of lymphatic function. Foot diameter measurements were performed in standardized locations using a digital caliper, and changes were confirmed using histological cross sections obtained from the same region to quantify fibroadipose tissue area and dermal thickness using Panoramic Viewer (3DHISTECH). Lymph node uptake of interstitial fluid was determined by measuring the uptake of high-molecular-weight Fe-III equine splenic ferritin (Sigma-Aldrich) in the popliteal lymph node after injection into the hind limb, performed as previously described (59) . Standardized sections of the lymph nodes were prepared, and ferritin uptake was assessed as a percentage of the total cross-sectional area (MetaMorph software; Molecular Devices). Lymphatic function was also assessed using lymphoscintigraphy as previously described using 99m Tc sulfur colloid injected intradermally in the distal hind limb (60) . ICG lymphangiography was performed using a modification of previously published techniques (61) . Briefly, 15 μl of 0.15 mg/ml ICG (Sigma-Aldrich) was injected intradermally in the dorsal aspect of the hind limb and visualized using a custom-made EVOS EMCCD camera (Life Technologies) and a LED light source (CoolLED). Video and static images were obtained using a Zeiss V12 SteREO Lumar microscope (Caliper Life Sciences).
Immunostaining. Immunostaining was performed using paraffin and frozen sections as previously described (14) . Primary antibodies used for immunohistochemical stains included LYVE-1, CD45, and CD4 (catalog AF2125, MAB114, and AF554, respectively; R&D Systems), α-SMA (catalog C6198; Sigma-Aldrich), CD11b (catalog 557395; BD Biosciences), and F4/80, podoplanin, DTR, CD206, and collagen I (catalog ab16911, ab11936, AF259-NA, ab64693, ab34710, respectively; Abcam). Immunofluorescence and whole mount staining were performed using Alexa Fluor-conjugated secondary antibodies (Life Technologies) (60) . Images were scanned using Mirax imaging software (Carl Zeiss) or confocal microscopy (Leica Microsystems), processed with Imaris (Bitplane), and analyzed using MetaMorph software. For analysis of collecting lymphatic vessels, 2 major collecting vessels flanking the dorsal caudal femoral artery were identified at a point located 2 mm proximal to the tarsal joint. The cross-sectional luminal area of these 2 large collectors was measured using Panoramic Viewer software, and the thickness of the smooth muscle lining was assessed by measuring the thickest point of α-SMA + cells in each cross section.
Cell counts of inflammatory cells and lymphatic vessels were performed by 2 reviewers blinded to the experimental protocol in 4 randomly-selected, 40× high-power fields in 4-6 animals per group. Collagen I deposition in the dermis and subcutaneous tissues was quantified from stained tissue sections using MetaMorph software and confirmed using picrosirius red staining and polarized light microscopy as previously reported (14) .
Human lymphedema samples. Six patients with postsurgical upper extremity lymphedema were identified at the MD Anderson Cancer Center, and full-thickness 5-mm punch biopsies were obtained from identical locations of the lymphedematous and contralateral control limbs. Dual immunofluorescence staining for podoplanin and α-SMA + was performed to allow identification and analysis of collecting lymphatic vessels. The study was approved by the IRBs of both the MD Anderson Cancer Center and MSKCC.
Macrophage depletion. Macrophages were depleted beginning the same day as DT ablation of hind limb lymphatics using CLs (110 mg/kg i.p. 3 times weekly; Foundation Clodronate Liposomes); control mice were treated with an equivalent volume of PBS-containing liposomes (62, 63) . CD4 + cell depletion. We used well-described monoclonal antibodies against mouse CD4 (clone GK1.5; 5 μg/g/dose; Bio X Cell) or isotype control antibodies (Bio X Cell) administered i.p. (14, 15) . CD4 mAb and isotype control administration was started 9 weeks after DT administration and was continued for 9 weeks.
Flow cytometry. Flow cytometry was performed on isolated lymph nodes, skin, or spleens as previously described (15) . Briefly, tissues were digested in dispase (0.8 mg/ml), collagenase (0.2 mg/ml), and DNAse I (0.1 mg/ml) at 37°C for 30 minutes. Digested tissues were filtered and resuspended in 2% FCS/sodium azide solution in PBS; stained with fluorophore-conjugated antibodies for CD45, CD31, podoplanin, and TCR-β (catalog 103107, 102509, 127407, and 109223; BioLegend), LYVE-1 and F4/80 (catalog 50-0443-80 and 11-4801-82; eBioscience); and analyzed with a FACSCalibur flow cytometer (BD Biosciences) using FlowJo software (Tree Star).
qPCR. To isolate hind limb macrophages, hind limb skin was digested as previously described (15, 64) , and CD11b + macrophages were isolated using magnetic beads (MACS, Miltenyi Biotec) according to the manufacturer's recommendations. RNA extraction was performed on these macrophages using TRIzol (Invitrogen, Life Technologies) according the manufacturer's recommendations. RNA quality and quantity were assessed using an Agilent Bioanalyzer (Agilent Technologies). The isolated RNA was converted to cDNA using a TaqMan reverse transcriptase kit (Roche), and relative expression of gene expression between groups was performed using delta-delta CT PCR analysis and normalizing gene expression using GAPDH RNA amplification as previously described (14) . Relative expression was calculated using the formula: 2[-(Ct gene of interest -Ct endogenous control) sample A -(Ct gene of interest -Ct endogenous control) sample B)]. All samples were performed in triplicate. The primers used for the PCR targets of interest were for VEGF-A, VEGF-C, and LYVE-1 (Mm01281449_m1, Mm00437310_m1, and Mm00475056_m1 respectively; Applied Biosystems, Life Technologies).
Statistics. Values are presented as mean ± SD, with P ≤ 0.05 considered significant. Differences between 2 groups were analyzed using the unpaired, 2-tailed Student's t test, while multiple groups were assessed using ANOVA with post hoc tests to compare between groups. All measurements were performed by 2 reviewers blinded to the experimental protocol, and a minimum of 4-6 animals were used for each group.
Study approval. All human tissues were obtained with written informed consent and studies approved by the IRB committees of both the MSKCC and the MD Anderson Cancer Center. All mouse studies and protocols were approved by the IACUC at Memorial Sloan Kettering Cancer Center.
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